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ABSTRACT: The placement of fluorophores in close proximity to metal
nanoparticle surfaces is proposed to enhance several photophysical
properties of the dyes, potentially leading to improved quantum yields and
decreased photobleaching. It is difficult in practice, however, to establish
and maintain the nanoscale distances that are required to maximize these
effects. The type of metal, size, and shape of the nanoparticle, the physical
distance separating the metal nanoparticle from the organic dye, and the
spectral properties of the fluorophore itself are all proposed to influence
the quantum yield and lifetime. This results in a complex behavior that
can lead to either enhanced or quenched fluorescence in different contexts. In this report, we describe a well-defined system that
can be used to explore these effects, while physically preventing the fluorophores from contacting the nanoparticle surfaces. The
basis of this system is the spherical protein capsid of bacteriophage MS2, which was used to house gold particles within its
interior volume. The exterior surface of each capsid was then modified with Alexa Fluor 488 (AF 488) labeled DNA strands. By
placing AF 488 dyes at distances of 3, 12, and 24 bp from the surface of capsids containing 10 nm gold nanoparticles,
fluorescence intensity enhancements of 2.2, 1.2, and 1.0 were observed, respectively. A corresponding decrease in fluorescence
lifetime was observed for each distance. Because of its well-defined and modular nature, this architecture allows the rapid
exploration of the many variables involved in metal-controlled fluorescence, leading to a better understanding of this
phenomenon.

■ INTRODUCTION

Biological structures, such as proteins1−6 and nucleic acids,7−9

are finding increasing use for the positioning of multiple
chemical groups into complex assemblies that have specifically
defined orientations and spacings. These approaches capitalize
on the nanoscale features inherent in biomolecules, which
through self-assembly can bring attached components together
into a functional whole. In addition to providing structural
precision, modularity, and synthetic efficiency, the rigid nature
of many biomolecules allows the distance relationships to be
maintained after they are established. As ever more
sophisticated targets are pursued, new bioconjugation methods
will be required to allow different combinations of biomolecules
to be merged with an expanding number of functional small
molecules. In addition, methods will be required to interface
biomolecules with inorganic surfaces and particles in a well-
defined manner.
One compelling synthetic target for precise nanoscale

synthesis is the controlled integration of organic dyes and
metal nanoparticles, as this could allow the exploitation of an
interesting phenomenon in nanophotonics.10 It has been
theoretically postulated and experimentally demonstrated that
placing a metal nanoparticle in close proximity to an organic
fluorophore significantly alters the photophysical properties of
the fluorophore.8,10−30 Through coupling interactions with the
metal nanoparticle, the fluorophores are predicted to exhibit

both an enhanced excitation rate and an accelerated radiative
decay rate. This produces the desirable properties of an
improved quantum yield and a decreased fluorescence lifetime,
which could minimize competing photobleaching pathways.14

Theoretical and experimental treatments have indicated that
the type of metal, size and shape of the nanoparticle, the
physical distance separating the metal surface from the organic
dye, and the spectral properties of the fluorophore itself are all
critical parameters for achieving a maximum effect.8,10−30

There are a number of experimental demonstrations of this
behavior. As examples of a positive effect, a 2.5-fold increase in
fluorescence emission has been observed for fluorophores
deposited on copper nanoparticle films,15 and an increase of up
to 8-fold has been observed for organic dyes placed in close
proximity (5 nm separation) to 80 nm gold nanoparticles.26 In
addition, an enhancement of 15-fold has been observed for dyes
placed ∼7.5 nm from the surface of 50 nm silver nano-
particles.20 In contrast, quenching of up to 99.8% has been
observed for fluorophores placed 1−2 nm from a gold
nanoparticle.31

Theoretical treatments32 and experimental validations have
shown quenching with a 1/R4 distance dependence for small
(≤2 nm diameter) AuNPs30,33,34 and enhancement for large

Received: August 7, 2012
Published: February 12, 2013

Article

pubs.acs.org/JACS

© 2013 American Chemical Society 3011 dx.doi.org/10.1021/ja3078472 | J. Am. Chem. Soc. 2013, 135, 3011−3016

pubs.acs.org/JACS


(>30 nm diameter) AuNPs.26,35 However, many inconsisten-
cies still exist in the literature as to the precise influence of
AuNPs on organic dyes in the intermediate size regime. Some
groups have reported fluorescence quenching near 5 and 10 nm
diameter AuNPs.8,29 Other groups have reported fluorescence
enhancements between 2-fold and 17-fold for similarly sized
AuNPs.17,36,37

These studies suggest that the interplay of the many involved
variables results in an optimal metal−fluorophore distance that
is platform-specific, making it difficult to probe these effects in a
systematic manner. They also underscore the critical
importance of physically separating the fluorophore from the
particles to prevent direct contact quenching. This is a very
difficult task in many cases, considering the nanoscale distances
that are involved. What is needed to study these effects fully is a
series of well-defined and readily adjusted architectures that can
vary each of the independent parameters to modulate the
fluorescence properties. To address this, we report herein a
protein-based system that can establish desired metal−
fluorophore distances, while simultaneously providing a
physical barrier that prevents the dyes from coming into
contact with the nanoparticle surfaces. We report the
observation of gold nanoparticle-induced fluorescence enhance-
ments, along with clear decreases in excited state lifetimes.
Furthermore, these studies highlight the important role that
covalently modified protein assemblies can play in the synthesis
of multicomponent nanoscale materials.

■ RESULTS AND DISCUSSION
The biomolecular scaffold used to integrate the nanoparticles
and chromophores in these studies was provided by the protein
capsid of bacteriophage MS2.38 This structure consists of a 27
nm diameter spherical hollow protein coat that self-assembles
from 180 sequence identical monomers. The capsid remains
intact upon exposure to a variety of conditions, including
complete solvent removal, pH values from 3 to 10, and
temperatures up to 55 °C (in H2O).39 Site-selective
modification of MS2 has allowed for the incorporation of
useful chemical functionalities on both the exterior and the
interior surfaces of the capsid. Interior chemical modifications
are normally made possible by the diffusion of small molecules
through 2 nm pores in the protein shella strategy that had
been used to attach taxol,40 Gd-based MRI contrast agents,41,42
18F PET labels,43 and various small molecule fluorescent
dyes44,45 to amino acid residues on the inner surface. The
exterior chemical modification of MS2 has involved the
targeting of both native46 and artificial47 amino acids, and has
been used to display peptides,46−49 polymers,46,48 and DNA
aptamers45 for use in biomedical applications. The external
DNA strands have also been used to integrate the capsids into
DNA origami assemblies.50

On the basis of the availability of the external modification
strategy, we envisioned encapsulating a metal nanoparticle of
interest on the interior of MS2 and using the external nucleic
acid strands to place organic dyes at uniform fixed distances
from the metal core (see scheme in Figure 2). The protein shell
would prevent contact quenching between the metal nano-
particle and the exterior groups, and the sequence selectivity of
DNA hybridization would allow a radially symmetric set of dyes
to be located at desired distances. Several other groups have
reported the encapsulation of metal nanoparticles by viral
capsid proteins, allowing for the incorporation of quantum
dots,51 gold,52−57 and cobalt iron oxide nanoparticles.51,58 This

suggests that several additional platforms could potentially be
amenable to the strategy described herein, but none of these
studies have combined the particle incorporation with synthetic
modification of the capsid proteins.
In the case of MS2, other groups have reported the

reassembly of MS2.59,60 We recently reported a strategy to
encapsulate DNA oligomers and negatively charged proteins by
adding them to a pool of disassembled capsid proteins
stabilized by trimethylammonium oxide as an osmolyte.61

The reassembly presumably occurs as a result of electrostatic
interactions between the anionic cargo and the building interior
positive charge of forming capsids. In the current study, this
methodology was also found to be applicable to encapsulation
of DNA-coated gold nanoparticles (AuNPs). As outlined in
Figure 1a, MS2 capsids were first disassembled in acetic acid
and then reassembled in phosphate buffer in the presence of
AuNPs labeled with ∼20−60 DNA strands (depending on the
size of the AuNP). In the case of the AuNPs, the presence of

Figure 1. (a) T19pAF MS2 subjected to reassembly conditions in the
presence of different sizes and concentrations of AuNPs. Transmission
electron micrograph images of T19pAF MS2 reassembled around (b)
10 nm AuNPs, (c) 5 nm AuNPs, (d) 10 nm AuNPs, (e) 15 nm
AuNPs, (f) 20 nm AuNPs, (g) one 5 nm AuNP, (h) two 5 nm AuNPs,
(i) three 5 nm AuNPs, and (j) four 5 nm AuNPs. The native gel
shown in (k) demonstrates similar electrophoretic mobility for MS2
reassembled around different size AuNPs (lanes 3, 5, 7, and 9) as
particle-free MS2 (lane 1). The electrophoretic mobilities of the
reassembled samples are different than their corresponding free
AuNPs (lanes 2, 4, 6, and 8, respectively). Dynamic light scattering
data and additional TEM images are reported in Supporting
Information Figures S1 and S2.
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the osmolyte was not required, possibly due to the very high
amount of negative charge on the metal surfaces. After 15−40 h
of incubation at 4 °C, the capsids were observed to reform
around 5, 10, 15, and 20 nm diameter AuNPs. In most cases,
60−90% of the capsids observed with transmission electron
microscopy (TEM) contained nanoparticles (see specific
numbers below). The presence of the AuNPs within the
structures was confirmed through TEM (Figure 1b−j), and the
encapsulated particles were found to run identically to native
capsids using nondenaturing agarose gel electrophoresis
(Figure 1k). Dynamic light scattering (DLS, Supporting
Information Figure S1) showed minimal changes in the sizes
of the assembled capsids for all four nanoparticle sizes.
Interestingly, multiple particles could be captured inside some
capsids when a large excess of 5 nm AuNPs was used (Figure
1h−j). The encapsulation of 40 nm particles, which are larger
than the capsid interior, proved unsuccessful.
For our initial studies involving fluorophores, MS2 capsids

containing 10 nm AuNPs were selected. As reported by another
group using a similar viral capsid system, 10 nm AuNPs
encapsulated most efficiently, resulting in the fewest
unencapsulated AuNPs and empty viral capsids.62 To install
the exterior DNA strands, the assemblies were prepared using
MS2 capsid proteins containing an unnatural amino acid, p-
aminophenylalanine (pAF), introduced to position 19 using the
amber stop codon suppression technique.47,63 This provided
180 chemically distinct aniline groups on the outer surface,
which we have previously targeted for modification using
oxidative coupling reactions.45,47,64 In this specific case, the
distribution of reassembled T19pAF MS2 species around 10
nm AuNPs was characterized using TEM (see Supporting
Information Figure S2). The majority of the assemblies
consisted of capsids containing a single nanoparticle (77.2%),
while capsids without AuNPs accounted for few of the observed
structures (2.7%). Bare AuNPs (6.6%) and potentially
misformed capsids (13.5%) comprised the remaining species.
T19pAF MS2 successfully reassembled in the presence of 10
nm AuNPs modified with several different DNA sequences
(Supporting Information Figure S3), suggesting that simple
electrostatic interactions are sufficient to encourage reassembly.
In addition, other MS2 mutants (T15Y N87C MS2 and T19Y
N87C MS2) successfully reassembled in the presence of DNA
modified 10 nm AuNPs, as confirmed by TEM, DLS, and
native agarose gel electrophoresis (Supporting Information
Figure S3). In the context of the experiments described below,
these measurements suggest the critical parameter of diameter
is identical for capsids with and without 10 nm AuNPs.
Samples of T19pAF MS2 capsids both with and without 10

nm DNA AuNPs were next modified to display external DNA
strands. The pAF residues were exposed to 1 mM sodium
periodate for 5 min in the prescence of 31, 38, and 54 nt
hairpin strands bearing aminophenol groups at their 5′ termini
and an AF 488 dye on their 3′ termini, as outlined in Figure
2.45,48 Previous studies have shown that these conditions are
compatible with the protein assembly and do not impair the
hybridization ability of the DNA strands.45 No effects were
observed for the AuNPs as well, as judged by the retention of
their surface plasmon band centered at 520 nm. The percent
DNA modification of MS2 was quantified by SDS−PAGE gel
electrophoresis using optical densitometry (Figure 3a),
indicating similar modification levels for capsids with and
without gold inside. Previous work exploring single silver
nanoprisms indicated that maximum fluorescence enhancement

occurs with a dye that has a fluorescence emission slightly red-
shifted from their surface plasmon band.25 The emission
spectrum of AF 488 directly overlaps with the surface plasmon
resonance peak for 10 nm AuNPs, providing a close fit to this
criterion. Excess fluorescently labeled DNA was removed
through successive centrifugal filtrations with multiple 100 kDa
molecular weight cutoff spin filters. DLS, nondenaturing
agarose gel electrophoresis, and fluorescence correlation
spectroscopy (FCS) were used to characterize the resulting
constructs (Supporting Information Figures S8, S10, and S13).
Each of these techniques suggested that the MS2 capsids were
assembled, fluorescently labeled, and accompanied by few if any
unattached fluorescently labeled DNA strands.
To explore the distance dependence of the enhancement, the

synthetic procedure was used with different fluorophore−DNA
sequences to position the dyes 3 bp from the capsid (1 nm
from protein, 9.5 nm from the AuNP), 12 bp from the capsid

Figure 2. Overall synthetic strategy for constructing fluorophore−
AuNP conjugates. For exterior surface modification, dye-labeled
aminophenol-containing DNA can be attached to exterior anilines
on T19pAF MS2 using a NaIO4-mediated oxidative coupling reaction.

Figure 3. (a) MS2−DNA conjugates were analyzed by SDS−PAGE.
Fluorescent bands were visualized under UV-light (bottom gel).
Protein bands were visualized with exc. 532 nm and em. 610 nm
following incubation with SYPRO ruby stain (top gel). The DNA
modification was determined by optical densitometry to be ∼60
strands per capsid (33%), ∼45 strands per capsid (25%), and ∼34
strands (19%) for 3, 12, and 24 bp hairpin sequences, respectively. (b)
MS2−DNA conjugates were visualized by TIRF microscopy for the 3
bp hairpin MS2 plus gold (top) and 3 bp hairpin MS2 minus gold
(middle) case. The top and middle images are scaled the same. The
bottom image was autoscaled. Larger versions of these images appear
in Supporting Information Figure S4. The preparation of samples and
glass slides for TIRF microscopy is described in Supporting
Information text.
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(4 nm from the protein, 12.5 nm from the AuNP), and 24 bp
from the capsid (8 nm from the protein, 16.5 nm from the
AuNP). For the 12 and 24 bp distances, additional stabilizing
strands were included to ensure that rigid double stranded
DNA separated the fluorophores from the surfaces. Stabilizing
strands were not included for the 3 bp distance.65 A schematic
for each of the six samples is shown in Figure 5b.
Total internal reflection fluorescence (TIRF) microscopy

was used to measure the fluorescence intensity of the individual
capsids in the six resulting samples (three distances with one set
containing gold and another set without gold). The MS2−
AuNP−fluorophore samples were incubated with glass slides
bearing DNA strands that were complementary to those
attached to the capsids, leading to the capture of the particles.
The TIRF microscopy setup and surface modification is
described in detail in the Supporting Information. Once a
reasonable surface density was reached, a set of TIRF images
was collected for each sample. Images for samples with and
without gold particles are shown in Figure 3b, using identical
scaling and acquisition parameters.
Each set of images was analyzed separately, and the results

are shown in Figure 4. A distribution of intensities was

anticipated due to the differences in the levels of fluorescence
labeling between individual capsids. The data are represented as
mean intensity histograms, allowing the average brightness per
particle to be compared in the presence and absence of gold
particles.
The data plotted in Figure 4 are an exemplary data set,

indicating a 2.2-fold enhancement for a 3 bp separation, a 1.2-
fold enhancement for a 12 bp separation, and no effect was
observed for a 24 bp separation when the gold particles were
added to the capsids. Images were also collected using confocal
microscopy. The confocal microscopy results agreed with the
TIRF microscopy results and are shown in Supporting
Information Figure S5.
Although one might anticipate the fluorophore brightness for

each of the three gold-free samples to be identical, we attribute
the observed changes in mean intensity among the gold-free
samples to differences in fluorescence labeling. Higher
modification levels may not necessarily result in increased
sample brightness. Interactions between dyes attached to the
capsid as well as interactions between the attached dyes and
aromatic residues on the protein surface may affect the
quantum yield of the fluorophore. Consequently, the most

accurate comparisons are drawn only by comparing the samples
with and without gold for each separation distance, as both
samples have identical numbers of attached chromophores.
TIRF images were collected for multiple sample prepara-

tions, as well as a different MS2−DNA−fluorophore construct.
Similar trends were observed throughout these sample sets.
The results are detailed in the Supporting Information.
Fluorescence lifetime data were also collected for the AF 488

dye, three analogous DNA constructs, three MS2 samples
without AuNPs, and three MS2 samples with AuNPs. A
representative fluorescence lifetime trace overlaid with the
instrument response function is plotted in Figure 5a. A decrease

in fluorescence lifetime was observed when the fluorophores
were placed close to the gold-free capsid surface, with the
shortest lifetime observed for the smallest separation between
the fluorophore and protein, as tabulated in Figure 5b. We
attribute this decrease in lifetime to interactions between the
AF 488 and either other dyes attached to the capsid or aromatic
residues on the capsid. A further decrease in fluorescence
lifetime was observed for each of the samples with AuNPs on
the interior surface, with the shortest lifetime at the smallest
separation. This decrease in lifetime was in accordance with
other groups that have reported fluorescence enhance-
ment.15,18−21,23,24 This effect is likely due to an increased
radiative decay rate as a result of the AuNP being in close
proximity to the fluorophores.
A control lifetime experiment was conducted with 10 nm

AuNPs that were modified with multiple DNA strands, and
then incubated with complementary fluorescently labeled DNA
strands. These designs placed fluorophores 9.5, 12.5, and 16.5
nm from the AuNP surface. We were not able to obtain
reasonable fits of fluorescence lifetimes for these data at
concentrations similar to those used for capsid samples, due to
low photon counts. This suggests the dyes are able to directly
contact the surface of the AuNP, quenching their fluorescence.
These results have been described in bulk fluorescence
measurements for a similar system.66 This is in sharp contrast

Figure 4. Mean intensity histograms determined from TIRF
microscopy images for (a) 3 bp hairpin, (b) 12 bp hairpin, and (c)
24 bp hairpin MS2 capsids with gold as well as (d) 3 bp hairpin, (e) 12
bp hairpin, and (f) 24 bp hairpin MS2 capsids without gold samples.
The black curves are Gaussian fits to the histogram data.

Figure 5. Fluorescence lifetime analysis of MS2-DNA conjugates. (a)
Representative fluorescence lifetime trace of a control AF 488 DNA
sample (green curve) overlaid with the instrument response function
(IRF, blue curve). (b) Fluorescence lifetime data are tabulated for free
AF 488, three DNA control samples, as well as three MS2 distances
with and without gold. Error on lifetime measurements is determined
to be approximately 0.1 ns.
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to the results we see where the metal nanoparticle is
encapsulated in the viral capsid.

■ CONCLUSIONS
These studies demonstrate the utility of nanoscale protein
assemblies for the integration of multiple components into
complex systems. The precise dimensions of the viral capsids, in
addition to the distinct chemically addressable exterior and
interior surfaces, were crucially important for positioning of the
dyes without allowing metal surface contact. In ongoing studies,
we are using this synthetic system to explore an expanded range
of metals, nanocrystal sizes, and fluorophore spectral properties.
We are also exploring the use of additional protein scaffolds for
the construction of fluorophore−nanoparticle structures with
different geometric relationships. In addition to providing
experimental tests of metal-enhanced fluorescence, the
availability of these systems will provide valuable synthetic
routes to access these structures for use in future applications.
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